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CHAPTER I

INTRODUCTION

When discussing biodiversity, it often refers to the number of and variety of the
species in a particular habitat or ecosystem. Humans have a vested interest in maintaining
biodiversity because it ties directly to our well-being. For example, when humans affect
the number of plants that can grow in an area, either by a loss of pollinators or a loss of
nutrients from nutrient cycling, they lower their available crop yields (Dainese et al.,
2019).
With the increasing loss of species diversity in the last half century (Pimm et al.,
2014), productivity can be expected to have decreased (Isbell et al., 2013; Tilman et al.,
1996) as has been shown in the past (Heijden et al., 1998). With the loss of biodiversity
comes a decrease in available resources that are used for life or for economic reasons,
which also leads to a lower net income for each country and a lower quality of life
(Millennium Ecosystem Assessment, 2005).
The rate of biodiversity loss in the Anthropocene is at least 1,000 times greater than
previous extinction events (Pimm et al., 2014), signaling a greater need for effective and
efficient conservation and management of biodiversity (Thomsen et al., 2012). Currently,
most biodiversity loss is attributed to anthropogenic factors, such as habitat loss and
fragmentation, over-exploitation, introduction of invasive species and diseases, and
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climate change (Morris, 2010). For example, a loss in biodiversity can lead to agricultural
consequences, either by loss of pollinators, useful plants, or disease/pest control (Díaz et
al., 2006). Another example is how a loss in fish biodiversity can lead to a loss of
available fish for food and nutrition sources (Díaz et al., 2006).
To conserve and manage biodiversity with anthropogenic factors in mind requires a
complete understanding of the species richness and diversity in an environment.
Documenting organisms that can be difficult to detect due to their reclusive nature, small
size, or low abundance, is an issue when surveying species richness. Common methods
for species identification, detection, and monitoring often involve invasive, destructive,
and inefficient (mis-identification or restricted range) means to obtain biodiversity data
(Wheeler, 2004). Species detection is especially difficult in habitats that have restricted
access, such as caves and aquafers, which often contain organisms that are small and live
in areas not easily accessible to humans. Species detection using older methods may only
be possible by physically capturing the organism and removing it from the environment,
then dissecting the specimen to differentiate it from similar species.
With recent advances in molecular technology, it is now possible to sequence large
quantities of DNA from samples taken directly from terrestrial and aquatic environments
to detect and monitor biodiversity (Ficetola et al., 2008; Jerde et al., 2011; Valentini et
al., 2016; Niemiller et al., 2018). This environmental DNA (eDNA) can be sampled from
sediment, ice cores, and marine and freshwater, among other sources. Environmental
DNA originates from organismal DNA released into the environment when it is shed
from the focal organism in the form of feces, urine, gametes, and epidermal cells
(Ficetola et al., 2008; Haile et al., 2007; Jerde et al., 2011; Willerslev et al., 2007). These
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eDNA surveys can facilitate the development of databases for species richness and
biodiversity and can be compiled for environmental monitoring and management
purposes (Valentini et al., 2016).
Compared to traditional survey methods that may require collection of specimens or
disturbance of habitat, eDNA approaches have a distinct advantage of being noninvasive,
nondestructive, and often cost-effective (Davy et al., 2015; Valdez-Moreno et al., 2019).
The use of eDNA for detection and monitoring can be divided into two primary
approaches: DNA barcoding and DNA metabarcoding (Taberlet et al., 2012). DNA
barcoding is a single-species approach aimed at the detection of a target species using
already available DNA sequences to design quantitative PCR primer-probe assays; DNA
metabarcoding is a multi-species approach that can target multiple known and similarlyrelated species (and even unknown taxa) using degenerate universal PCR primers for a
broader taxonomic group (family, order, or class) and next-generation sequencing
(Taberlet et al., 2012).
Ideally, environmental samples are best used in DNA metabarcoding because it
allows for the identification of multiple species; however, generation of the degenerate
primers needed for metabarcoding requires a large set of reference sequences for primer
design, which is not always available. This is the case for most subterranean organisms,
which are often under-sampled and may only have a single barcode sequence available
for an entire species. When sequences are available in online genetic databases, such as
GenBank (Benson et al., 2005) and The Barcode of Life Data System (Ratnasingham and
Hebert, 2007), they often are for cytochrome oxidase subunit I (CO1) or other
mitochondrial genes. The benefit of CO1 as a template for primer design and
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identification is that this locus generally contains enough conserved and variable regions
that short gene fragments can be targeted. Another commonly employed locus in eDNA
studies is 16s rRNA (Ward et al., 1990). While this locus may contain insertions or
deletions of nucleotide bases (indels) that can cause sequence alignment problems (Doyle
and Gaut, 2000), it may provide better taxonomic resolution compared to CO1 in some
taxonomic groups (Skerratt et al., 2002). Using these genetic databases and collected
barcode sequences, libraries can be improved upon to further increase the resources
available for metabarcoding methods. Once metabarcoding methods are feasible, largescale identification and quantification of known and unknown species can be
accomplished and used for the mitigation and management of biodiversity loss in
terrestrial cave systems.
There has been little research into the monitoring of species in groundwater
ecosystems using eDNA approaches, but recent research has brought new insights into
the effectiveness of eDNA by successfully detecting the ecosystem composition of
aquifers (Korbel et al., 2017) and threatened groundwater species such as the olm Proteus
anguinus in Slovenia (Gorički et al., 2018) and Stygobromus amphipods in the
Washington D.C. metro area (Niemiller et al., 2018). Groundwater biodiversity sustains
high levels of valuable ecosystem services, such as water purification, bioremediation,
water infiltration, and water transport (Boulton et al., 2008; Griebler and Lueders, 2009).
Cave and other subterranean habitats are often large, expansive, interconnecting networks
where negative effects in one cave can affect other subterranean habitats in the network.
Most of the global human population relies on groundwater as a water supply (Giordano,
2009), which is why we also rely on the biodiversity present in those systems to manage
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the water quality in the presence of ever-increasing anthropogenic factors (Boulton et al.,
2008). As such, biodiversity monitoring is an essential tool for determining and
maintaining groundwater quality. Most monitoring efforts involve collecting and
removing the species from the environment to identify them. In the case of cryptic
(morphologically identical or very similar) species, differentiation involves dissection.
In this study, I developed an eDNA approach to detect and monitor two recently
described and endangered groundwater crayfishes, Cambarus speleocoopi and Cambarus
laconensis, endemic to cave systems of northern Alabama (Buhay and Crandall, 2009).
Using mitochondrial DNA sequences available from a previous study (Buhay and
Crandall, 2009), I designed and tested candidate primer-probe quantitative PCR assays
for each, and screened water samples collected from springs and cave systems within and
near their respective distributions. My study demonstrates the utility of eDNA as an
effective surveying and monitoring tool for groundwater biodiversity but also highlights
challenges of this approach.
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CHAPTER II

METHODS

II.A. Study Taxa
Two recently described species of cave crayfishes were surveyed: the Sweet
Home Alabama Crayfish (Cambarus speleocoopi) and the Lacon Exit Cave Crayfish
(Cambarus laconensis) (Buhay and Crandall, 2009). Both species are small (<2 cm) cave
dwelling crayfish (Malacostraca: Decapoda: Cambaridae) endemic to caves in Marshall
County, Alabama and Morgan County, Alabama, respectively. They lack pigmentation
and possess degenerate eyes with other matching morphological characteristics that make
them difficult to differentiate based on form alone (Figure 2.1; Figure 2.2) (Buhay and
Crandall, 2009).
Both C. speleocoopi and C. laconensis are closely related and similar
morphologically to two more wide-ranging cave crayfishes in Alabama: the Prickly Cave
Crayfish (Cambarus hamulatus) (Cope, 1881) and the Alabama Cave Crayfish
(Cambarus jonesi) (Hobbs and Barr, 1960). In the past, identifying these two species, as
well as other target species in Cambarus, has required determining the differences
between the shapes of gonopods in males and pleopods (Hobbs, 1976). However, relying
on the morphological differences of the pleopods and gonopods alone of freshwater
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crayfishes in the genus Cambarus can lead to misleading identification due to convergent
evolution (Breinholt et al., 2012).
Cambarus speleocoopi has only been documented at four sites and is listed as
Endangered by the IUCN Red List (Buhay et al., 2010) and Critically Imperiled (G1) by
NatureServe (NatureServe, 2019). It is endemic to Marshall County, Alabama northwest
and downstream of Guntersville Dam on both sides of the Tennessee River (Buhay and
Crandall, 2009). There are no noticeable differences in body size and other
morphological characters, such as lengths of the carapace, rostrum, areola, pleon, and
antenna, between the sexes, with the exception of the cheliped length being longer in
form I males when compared to form II males and females (Buhay and Crandall, 2009).
Cambarus laconensis has only been documented at one site, Lacon Exit Cave in
Morgon County, and is listed as Critically Endangered by the IUCN Red List (Crandall
and Cordeiro, 2010) and Critically Imperiled (G1) by NatureServe (2019). There are no
noticeable differences in morphology between sexes, but both forms of males are smaller
than females on average (Buhay and Crandall, 2009).
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Figure 2.1. Photograph of Cambarus speleocoopi from Cherry Hollow Cave, Marshall
Co., Alabama. Photograph by Matthew L. Niemiller.

Figure 2.2. Photograph of Cambarus laconensis from Lacon Exit Cave, Morgan Co.,
Alabama. Photograph by Matthew L. Niemiller.
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II.B. Reference DNA sequence library generation
A reference DNA sequence library was created by first querying the online DNA
sequence databases GenBank (Benson et al., 2005) and BoLD (Ratnasingham and
Hebert, 2007) for C. speleocoopi and C. laconensis sequences. Sequences were available
for the following loci: mitochondrial cytochrome oxidase I (COI), 16S ribosomal RNA
(16S), and nuclear 18S ribosomal RNA (18S), 28S ribosomal RNA (28S), Histone H3
(H3), and Glyceraldehyde 3-phosphate dehydrogenase (GADPH).
II.C. qPCR assay design and in silico validation
DNA sequences for each crayfish species were aligned using the program MUSCLE
(Edgar, 2004) using default settings and implemented in the software Jalview
(Waterhouse et al., 2009). Sequences that contained too much divergence (>97%) or
contained more than 2% missing data were either trimmed or removed. Sequences were
then re-aligned and sorted by pairwise identity to obtain a representative sequence.
Candidate species-specific real-time amplification (qPCR) assays that include
forward and reverse primers and an intervening hydrolysis probe were designed using
Integrated DNA Technologies’ PrimerQuest tool (Owczarzy et al., 2008) available online
at https://www.idtdna.com/PrimerQuest/Home/Index. The default settings for qPCR
assay design were used except for changing the optimal primer temperature (60°C),
optimal probe temperature (70°C), and the amplicon length (200 bp max). Specificity of
candidate forward primers, reverse primers, and probes were examined using BLASTn
(Camacho et al., 2009) with default settings in the Nucleotide collection (nr/nt) database.
BLASTn creates a taxonomy list that can be used to compare the three sequences. Any
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primer set that contains the same species three times that is not the species of interest is
not considered. Generated forward primers, reverse primers, and probes were also
checked using Primer-BLAST using the (nr/nt) database (Ye et al., 2012). The loci
ultimately chosen were 16S for C. laconensis and COI for C. speleocoopi due to their
non-conserved bases that allowed for species identification and conserved bases that
allowed for primer and probe attachment.
II.D. In vitro validation
qPCR was performed with six replicates with a final volume of 20 μL using the
TaqMan® Universal PCR Master Mix protocol (Applied Biosystems). The final volume
included 10.0 μL of TaqMan® Environmental Master Mix 2.0, 4.7 μL of ddH2O, 0.9 μL
of forward primer (10 µM), 0.9 µL of reverse primer (10 µM), 0.5 µL of probe (20 µM),
and 3.0 µL of template DNA. The final concentrations of the primers and probe were a
standard 900 and 250 nM for 20 μL reactions. For the C. laconensis assay, the probe
volume was 0.8 µL and the ddH2O volume was 4.4 µL with an annealing temperature of
56 °C. Samples were run on 96-well optical plates on a QuantStudio® 3 Real-Time PCR
System (Applied Biosystems). Six replicate negative controls that included all PCR
reagents with no template DNA were run in parallel to assess potential contamination.
The limit of detection was determined by running a serial dilution series with a synthetic
gene (IDT gBlock) of C. speleocoopi (DQ411781.1) and C. laconensis (EU433907.1)
based on a GenBank sequence. Serial dilutions for both species were made from 1x10-1
ng/μL to 1x10-8 ng/μL. For each replicate, 3 μL volumes of each DNA sample should be
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quantified using a Qubit fluorometer (Life Technologies) calibrated with the Quant-iT
dsDNA HS Assay following the manufacturer’s instructions.
II.E. eDNA field sampling
eDNA was obtained from water sources present in caves and springs. Sampling
sites included historical locales of each crayfish species as well as additional cave
systems and springs within a 10 km radius and within the same hydrological basin in and
around Marshall and Morgan counties of Alabama (Figure 2.3; Figure 2.4). Other caves
and springs outside the suspected range of each species were included for C. speleocoopi
to serve as negative field controls, shown in Table 1. Sampling was conducted from
March 2018 through April 2019. At each site, water samples were collected in two 500
mL Nalgene bottles that were decontaminated with a 10% bleach solution with preceding
distilled water rinses as well at autoclaving. Water samples were collected, placed on ice,
and transported back to The University of Alabama in Huntsville for filtering.
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Figure 2.3. Cambarus laconensis eDNA water sampling sites. Map created using ggmap
(Kahle and Wickham, 2013) and Maps Static API (Google, 2019).
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Figure 2.4. Cambarus speleocoopi eDNA water sampling sites. Map created using
ggmap (Kahle and Wickham, 2013) and Maps Static API (Google, 2019).
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Table 2.1. Locations in and around the Marshall County, Alabama area where water
samples were collected and the results of the eDNA assay for Cambarus speleocoopi.
Locality
no.

County

Location

Collection date

C. speleocoopi
historical
locality

C. speleocoopi
eDNA
detections

1
2
3
4
5

Marshall
Marshall
Marshall
Marshall
Marshall

6
7

Marshall
Marshall

8
9
10
11
12
13
14
15

Marshall
Marshall
Marshall
Marshall
Marshall
Marshall
Jackson
Jackson

16

Jackson

Ashburn Spring
Babe Wright spring
Beech Spring
Cathedral Caverns
Cathedral Caverns
Spring
Cherry Hollow Cave
Cherry Hollow Cave
Spring
Cushion Spring
Davis Spring
Guffey Cave
Kings Spring Cave
McGehee Spring
New Hope Spring
Bluff River Cave **
Tumbling Rock Cave
**
Tumbling Rock Cave
Spring **

11-Jan-2019
7-Feb-2019
29-Apr-2019
7-Feb-2019
7-Feb-2019

*

0/12
0/24
6/12
0/12
0/12

18-Jan-2019
18-Jan-2019

*
*

5/12
3/12

11-Jan-2019
11-Jan-2019
22-Feb-2019
01-Feb-2019
11-Jan-2019
31-Jan-2019
18-Aug-2018
04-Mar-2018

2/12
1/18
0/12
0/18
1/12
0/12
0/12
0/12

04-Mar-2018

0/12

** Locations used for negative controls.

Table 2.2. Locations in and around the Morgan County, Alabama area where water
samples were collected and the results of the eDNA assay for Cambarus laconensis.
Locality
no.

County

Location

Collection date

1
2
3
4

Morgan
Morgan
Morgan
Morgan

Cole Spring
Cole Spring Cave
Key Spring
Lacon Exit Cave

11-Jan-2019
9-Apr-2019
9-Apr-2019
11-Nov-2018
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C. laconensis
historical
locality

*

C. laconensis
eDNA detections

0/6
0/12
0/24
0/60

II.F. eDNA filtering and DNA extraction
eDNA water samples, collected from the environment, and negative field control
water samples, which are distilled water from the lab, were filtered using a vacuumfiltering method adapted from Niemiller et al. (2018). Water samples are filtered through
0.45-μm cellulose-nitrate filters. Multiple filters were needed for some turbid water
samples with substantial suspended silt and organic matter. The filter was removed with
sterile forceps near an open flame, placed in a sealed vial, and stored at -20°C until DNA
extraction.
DNA on the resulting filters was extracted using the a modified Qiagen® DNeasy
Blood and Tissue Kit protocol. One half of each filter was used for extractions, including
all those from environmental samples that require multiple filters. Filters were cut into
small pieces using sterile scissors. The remaining half of each filter are stored long-term
to serve as a back-up in the event an issue arises during the extraction of the other filter
half. Filters should be cut into four pieces and placed in a 2-mL microcentrifuge tube and
run through the Qiagen® DNeasy Blood and Tissue Kit with the manufacturer’s protocol,
with the exception of using 500 µL of AL Buffer, 400 µL of ethanol, and using a
Qiashredder® spin column after the lysis buffer step as described in Niemiller et al.,
2018. This procedure should be performed in a dedicated laminar flow hood.
The cave and spring habitats that were sampled can be abundant with PCR
inhibitors, such as high levels of humic acids, pectins, and metal ions (Abbaszadegan et
al., 1993; Demeke and Adams, 1992; Schrader et al., 2012). To counter this, I used a
method described in Niemiller et al. (2018) that employed a PCR inhibitor removal kit
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(Zymo Research) after the initial filter extraction to increase the probability of successful
amplification of the target regions.
II.G. eDNA quantification and confirmation
Quantitative PCR (qPCR) of the eDNA samples were conducted with six replicates
for each environmental sample, with positive and negative controls. Positive controls
included target species template DNA from Integrated DNA Technologies’ gBlocks®
gene fragments while negative controls lacked template DNA. A negative field control
was run using distilled water filtered at each sampling site to assess for potential field
contamination. A qPCR master mix (TaqMan® Environmental Master Mix 2.0) was used
that is designed for use with samples that have high levels of inhibitors present.
Positive qPCR products were purified using ExoSAP-IT, then Sanger sequenced at
Eurofins Inc. (Louisville, Kentucky) to confirm species identification. DNA sequences
obtained from field extractions are to be run through BLAST (Camacho et al., 2009) to
look for similarity with a 10−10 threshold. Any matches with related species were checked
manually to ensure the result is not a false positive for the target species.
II.H. Contamination precautions
False positives can result from contamination during field collection of samples
through qPCR analysis of extracted environmental samples. Before environmental
samples are collected in the field, the potential for contamination should be minimized by
sterilizing all supplies, including tools, collection bottles, and work surfaces with a 10%
bleach solution; collection bottles were autoclaved as an additional step. Gloves should
be worn during all field sampling, filtering, DNA extraction, and preparation of qPCR
reactions. All eDNA filter extractions and qPCR preparations were conducted in
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dedicated laminar flow hoods. The laminar flow hoods, pipettes, and other supplies and
equipment must be decontaminated before and after use with 10% bleach solution and a
30-minute ultraviolet light (UV) treatment.
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CHAPTER III

RESULTS

III.A. In silico validation of C. laconensis and C. speleocoopi
Cambarus laconensis primers and probes were designed using 16S sequences
published on GenBank (EU433908.1). Available sequences for other loci of C.
laconensis either had non-conserved regions (CO1 and 16S) where species-specific
primers and probes could not be developed or were too conserved (H3, 28S, and 18S) and
lacked genetic variation among closely related Cambarus species. The primers and
probes for C. laconensis required modification of the probe concentrations and annealing
temperature and had a limit of detection of 1x10-6 ng/μL, suggesting that the assay
designed for C. laconensis is not optimal.
Cambarus speleocoopi primers and probes were designed using the CO1 sequences
published on GenBank (DQ411780.1) because the non-conserved regions helped
differentiate it from Cambarus hamulatus, a species which lives in the same area and has
~95% sequence identity to C. speleocoopi. The developed assay had a limit of detection
of 1x10-8 ng/μL. Other loci available on GenBank were too similar to the closely related
C. hamulatus (>99%) to be used for detection. Primers and probes developed for both
species can be found in Table 3.
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Table 3.1. Primers and probes developed and used for detection of C. laconensis and C.
speleocoopi.
Species
Cambarus
laconensis

Fragment
Length
244

Locus

Primer

Sequence

Direction

Length

Tm.
(°C)

Forward

GGCTAGAATGAACG
GTTG
AGGATCATTAAYCC
AAACAT
TGGCTTGAAGGGAC
GATAAGACCCT

Sense

18

58

Antisense

20

57

Sense

25

69

TGGGATAGTTGGGA
CTTCA
ATTRCCAAACCCTCC
AATTA
TCCGAGTTGAATTGG
GTCAGGTAGGAAGG

Sense

19

60

Antisense

20

60

Sense

29

70

16S

Reverse
Probe
Cambarus
speleocoopi

163

CO1
Forward
Reverse
Probe

III.B. Detection of C. laconensis and C. speleocoopi from eDNA sampling
For C. laconensis, all qPCR replicates of water samples from the type locality (Lacon
Exit Cave, Morgan Co., Alabama) and other field samples were negative (Table 2.2). C.
laconensis was also not able to be visually observed at any site, including Lacon Exit
Cave.
Water samples were obtained from two of the four historical sites for C. speleocoopi:
Cherry Hollow and Beech Spring caves in Marshall Co., Alabama. Cherry Hollow Cave
water samples showed amplification of 5/12 total replicates. The presence of C.
speleocoopi was confirmed by visual surveys from the pools where the water samples
were taken (Table 2.1). Cherry Hollow Spring also showed amplification of 3/12
replicates, while Beech Spring had amplification of 6/12 replicates (Table 2.1). Positive
amplification also confirmed at three non-historical sites: Cushion Spring (2/12
19

replicates), Davis Spring (1/18 replicates), and McGehee Spring (1/12 replicates) (Table
2.1). Tumbling Rock Cave, Tumbling Rock Spring, and Bluff River samples were
screened with the C. speleocoopi assay. These sites contain populations of the closely
related species C. hamulatus and yielded no positive amplification. Site and positive
eDNA detection maps were generated using ggmap (Kahle and Wickham, 2013) and
Maps Static API (Google, 2019).
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Figure 3.3. An overlay of the historical and potential new sites where eDNA was
detected for C. speleocoopi. Potential new sites are Cushion Spring, McGehee Spring,
Davis Spring, whereas historical sites are Cherry Hollow Cave, Cherry Hollow Cave
Spring, Beech Spring, Keller’s Cave, Porches Spring Cave. Created using ggmap (Kahle
and Wickham, 2013) and Maps Static API (Google, 2019).
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III.C. eDNA Sequencing
One replicate was taken for each sample that was positive for eDNA of C.
speleocoopi and sent off for sequencing at Eurofins. Sequences of positive eDNA
samples showed >98.4% sequence similarity to the C. speleocoopi COI target sequences.
Two haplotypes were observed with this assay; samples from Beech Spring, Cushion
Spring, Davis Spring, and McGehee Spring match the GenBank sequence DQ411781.1
and Cherry Hollow Cave and Spring match the sequence DQ411780.1 (Figure 3.4). A
map showing the locations of haplotypes DQ411780.1 and DQ411781.1 can be seen in
(Figure 3.5).

DQ411781.1
DQ411780.1
BS-01
BS-02
CHC_01
CHC_02
CHC_03
CSH_2
MCG1
DVS2

1
1
1
1
1
1
1
1
1
1

CTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA
TTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA
CTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA
CTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA
TTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA
TTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA
TTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA
CTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA
CTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA
CTGATTATCCGAGTTGAATTGGGTCAGGTAGGAAGGTTAATTGGAGATGATCAGATTTATAA

Figure 3.4. eDNA sequence alignment between template C. speleocoopi COI sequences
(DQ411781.1 and DQ411780.1) and eDNA samples. Template C. speleocoopi COI
sequences, eDNA samples include Beech Spring (BS-01, BS-02), Cherry Hollow Cave
Spring (CHC_01), Cherry Hollow Cave (CHC_03, CHC_04), Cushion Spring (CSH_2),
McGehee Spring (MCG1), and Davis Spring (DVS2). Created using BoxShade (Artimo
et al., 2012).
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Figure 3.5. Historical and new sites where C. speleocoopi has been detected and is
separated by haplotypes. Sites with the haplotype of DQ411780.1 are in red and sites
with the haplotype of DQ411781.1 are in blue. Created using ggmap (Kahle and
Wickham, 2013) and Maps Static API (Google, 2019).
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CHAPTER II

DISCUSSION

Detecting and monitoring biodiversity is important for the management of healthy
ecosystems, but traditional surveying methods are not always useful for many species.
This is particularly true for species that are elusive to detect either due to their small body
size, habitat accessibility, habitat complexity, rarity, or that require collection and
dissection for identification. For example, organisms that occur in caves, which often
function as island habitats, are often difficult to sample and study (Culver and Pipan,
2009; Culver et al., 1973; Niemiller et al., 2018). Other issues can arise for species of
conservation concern from their state and federal protections, which may limit survey
methods and collection activities. In these cases, eDNA assays provide an alternative
method that can be cost-effective, non-invasive, and more accurate than traditional
approaches.
Cambarus speleocoopi and Cambarus laconensis are two cave-obligate species
that are known from few sites, for which little ecological and life history information is
known and are extremely difficult to survey by traditional methods. I designed an eDNA
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assay for C. speleocoopi and C. laconensis using the mitochondrial COI and 16S
ribosomal RNA loci, respectively.
Of the sixteen sites where C. speleocoopi was screened, presence was confirmed
for six sites, all in Marshall County, Alabama. Of these six sites, three were from
historical sites. With inclusion of these potential new sites, the range of C. speleocoopi
(Figure 3.3) would only increase slightly westward near historical sites (Buhay and
Crandall, 2009; Buhay et al., 2007). Because the related cave crayfish C. hamulatus
contains similar COI sequences to C. speleocoopi, I also included eDNA water samples
from Bluff River Cave, Tumbling Rock Cave, and the adjacent spring near Tumbling
Rock Cave in Jackson County where C. hamulatus was present to serve as a field test for
primer/probe specificity. Water samples from these sites were negative for C.
speleocoopi DNA, helping support the specificity of the eDNA assay for C. speleocoopi.
Moreover, sequences of positive hits from historical and potential new sites showed
greater than 98.4% sequence identity (Figure 3.4), further supporting the specificity of
the assay. The eDNA assay was also able to detect low amounts of DNA (1x10-8 ng/μL).
Together, this demonstrates that this eDNA assay for C. speleocoopi is species-specific
and can detect low amounts of DNA in environmental samples.
The eDNA assay for C. laconenesis did not perform nearly as well as the assay
designed for C. speleocoopi and could only detect DNA down to 1x10-6 ng/μL after
severe modification to primer/probe ratios and annealing temperature. To increase the
assay specificity, blocking primers could be implemented to increase assay specificity
without decreasing quality of the primers and probes (Vestheim and Jarman, 2008;
Wilcox et al., 2014). A different gene could also be employed to develop candidate

25

assays. However, I could not develop species-specific assays for any of the loci available
for this species currently on GenBank due to highly conserved regions similar to related
species. During water sample collection, we did not observe C. laconensis in Lacon Exit
Cave, the type locality, in November of 2018.
While the results of the eDNA assay for C. laconensis were limited, the results for
C. speleocoopi indicate the usefulness of an eDNA approach in detecting species that are
difficult to survey using standard methods. In fact, C. speleocoopi was visually confirmed
in Cherry Hollow Cave (Figure 2.1A) and was further confirmed with the eDNA assay
designed in this study (Figure 3.4). Because there were no confirmed false positives,
increasing the volume of the samples or number of replicates may improve the ability to
detect eDNA (Hunter et al., 2015). In future studies of C. laconenesis, blocking primers
should be utilized to increase the specificity of the assay, as many of the cave obligate
crayfish in Alabama are closely related (Buhay and Crandall, 2009).
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